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ABSTRACT

Most experimental studies on the dynamics of protein folding have been confined
to timescales of 1 ms and longer. Yet it is obvious that many phenomena that are
obligatory elements of the folding process occur on much faster timescales. For
example, it is also now clear that the formation of secondary and tertiary struc-
tures can occur on nanosecond and microsecond times, respectively. Although
fast events are essential to, and sometimes dominate, the overall folding process,
with a few exceptions their experimental study has become possible only recently
with the development of appropriate techniques. This review discusses new ap-
proaches that are capable of initiating and monitoring the fast events in protein
folding with temporal resolution down to picoseconds. The first important results
from those techniques, which have been obtained for the folding of some globular
proteins and polypeptide models, are also discussed.

INTRODUCTION

Understanding how proteins fold up into their compact three-dimensional forms
is acentral problem in modern structural biology. This is so because the particu-
lar structure of a protein governs its specific activity, and any biological function
is supported by a corresponding protein system. It has been known for some
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time that the spatial structure of a protein molecule is determined completely
by the sequence of amino acids of its polypeptide chain, at least for small pro-
teins and probably for all proteins in a general sense (1-3). Moreover, the amino
acid sequence also codes the way the three-dimensional structure is reached
efficiently (4). Both aspects are equally important for protein engineering pur-
poses, because any polypeptide sequence coding a new protein must not only
offer some new function but also ensure their efficient folding. Otherwise,
the expressed protein might never accumulate in large quantities because slow
folding processes may permit the accumulation of long-lived metastable non-
functional folds. Besides, aggregation at intermediate stages or digestion by the
proteinases of the host will be high for long-lived unfolded structures.

The tools of diffraction techniques and multidimensional nuclear magnetic
resonance (NMR) have determined the spatial structures of many proteins, out
of which perhaps about a thousand are distinctly different from one another.
This achievement has facilitated the study of the molecular basis of protein func-
tion, including issues of specificity, primary stages of catalysis, and distribution
of the functions within supramolecular complexes. The level of knowledge has
permitted useful modifications of known proteins as well as limited ideas of
protein design ab initio, through various semiempirical approaches (5-9). How-
ever, there is uncertainty whether such predicted structures can exist as stable
folded proteins at all. One reason is that it is unknown if the final structure
corresponds to the global minimum of the free energy. This is a difficult prob-
lem to assess experimentally, and there are examples where successful protein
function derives from a metastable state (10). Moreover, the calculation of the
energy of a polypeptide in a configuration space is a complex and very difficult
physical problem because the Gibbs free energy of the folded protein is actually
a small difference of large enthalpy and entropy components. At present, the
components cannot be calculated with sufficient accuracy both because of the
complexity of the protein molecule itself and because of its interaction with
surrounding water (3,11, 12).

It is clear that the theoretical analysis of the folding process is complex. In
addition to the reasons given above, it seems necessary to deal with statistical
ensembles of the unfolded state as well as ensembles of transient intermedi-
ates in the early folding stages instead of a single, stable, determined structure.
There has been some progress recently in understanding the general nature
of the energy landscape of folding (9, 13—18), whereby the large amount of
entropy of the unfolded protein is traded for enthalpy via a folding funnel. An-
other approach to the folding problem is to establish empirical rules that relate
known protein structures to sequence, exploiting the information contained in
the protein data bank (e.g. 5,19). Here too the situation is extremely complex
because the key interactions that determine the folding pathway involve both
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local as well as nonlocal interactions and the folding pathway itself is a directed
process whose rules may be quite buried in the final structure.

For several decades there has been much effort toward determining the ki-
netics of how a protein folds from its extended unfolded conformation to its
final compact form. Investigators have sought to answer the questions of what
types of structures form first and on what timescales (2, 20-28). Of most im-
portance, perhaps, are the early kinetics events (25-29). These events set up
all that are to follow in the guided pathway. However, the early kinetics of the
folding pathway occur generally on the submillisecond timescale, and this has
been a difficult timescale to access experimentally since the typical approach,
stopped-flow devices whereby two reactants are mixed and the chemical reac-
tion launched, have been limited to a resolution of 1-10 ms.

This review discusses new experimental techniques that initiate chemical ki-
netics and follow the structural changes that accompany these kinetics on sub-
millisecond timescales. Also discussed is their recent application in the study
of the folding of specific proteins and model systems. Substantial technical
progress has been made over the past five years or so in the study of chem-
ical reactions, and the folding process in particular, on fast timescales. This
progress has resulted in new and exciting insights into the process. This survey
does not review the protein folding field, which is well discussed in several
recent reviews (16, 24-28, 30). In addition, it does not review NMR relaxation
spectroscopy, which also has promise of determining fast folding processes
(see e.g. 31). In understanding what follows, it is well to keep in mind that the
folding reaction is not a simple chemical kinetics problem with a single reac-
tant and a single product. The unfolded state is generally thought to be vastly
inhomogeneous, composed of an enormous number of different conformations
of the polypeptide. In fact, it is not easy to achieve the unfolded state in the
laboratory or to fully characterize it (32). Many studies of the folded/unfolded
transition have involved an unfolded state that still contains substantial sec-
ondary and even tertiary structure. Also, the pathway from unfolded to folded
may differ even for similar unfolded states, and there may be multiple transition
states. In counterpoint, sound theoretical arguments can be made that similar
unfolded structures should behave similarly and that even very inhomogeneous
systems should follow relatively simple apparent kinetics (33). In either case,
some events in the process must be of more importance than others, and there
certainly must be a time ordering of specific events in any guided process.

TECHNICAL DEVELOPMENTS

The study of rapid chemical kinetics requires both the techniques that can initi-
ate chemical reactions faster than milliseconds and the methods for determining
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structures on such fast timescales (24, 34-38). Most of the methods for deter-
mining structure “on the fly” are optical spectroscopies: circular dichroism
(CD), optical absorption, fluorescence, and infrared and Raman spectroscopies.
Application of these probes to folding often presents unique problems. In fold-
ing applications, CD and fluorescence have been limited to nanosecond reso-
lution (39-41), but the other spectroscopic methods can, in principle, follow
events down to femotoseconds. In their present form, all of these probes de-
termine structure incompletely. Nonetheless, the different approaches yield in-
formation that is generally complementary, not only mutually but with other
slower techniques such as dynamic NMR or pulsed deuterium exchange (42).
We first discuss the spectroscopic probes of protein structure and then discuss
techniques for fast initiation of folding reactivity.

Probes

FLUORESCENCE ~As monitors of protein structure, both intrinsic and extrin-
sic fluorophores have been employed (43,44). Among the former type, the
tryptophan residue (Trp) is the most convenient. It has high quantum yield and
a relatively low occurrence rate in sequences. The latter characteristic often
simplifies data interpretation. For example, in recent studies on apomyoglobin
(from horse heart), discussed below, there are only two Trp fluorophores, and
both are located at the intersection of the A, G, and H helices (AGH core),
which constitute the hydrophobic core of this protein. Hence, the emission
signals report specifically on this important piece of tertiary structure. In the
absence of tryptophan, tyrosine fluorescence can be used successfully. Ex-
trinsic fluorophores can be either covalently attached labels (dansyl, fluores-
cein, etc) or probes interacting with proteins noncovalently. Among the latter,
1-anilino-naphthalene-8-sulfonate (ANS) is very useful in protein folding stud-
ies (45). This probe can bind only to disordered hydrophobic clusters and binds
neither to nativelike tightly packed core nor to disordered polypeptide. The flu-
orescence quantum yield in the bound form of this molecule is increased orders
of magnitude.

Different fluorescence parameters provide different information on protein
structure (44,46). The position of the fluorescence spectrum (X,,,) depends on
the polarity of the surroundings of the fluorophore. This parameter is important
when intrinsic fluorophores are used because the extrinsic labels are usually
bound to the surface groups to provide minimal disturbance of the protein
structure. Screening of a tryptophan residue from solvent by the protein struc-
ture results in a blue-shifted fluorescence. Protein unfolding thus red-shifts the
spectrum toward the position of the fluorescence spectrum of a solvated trypto-
phanresidue. Therefore, the fluorescence A, is most dependent on large-scale
changes of protein structure that permit tryptophan solvation.
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The fluorescence quantum yield or integrated emission intensity, in contrast,
is a balance of many different quenching factors. These can be primary (e.g.
resulting from a temperature change) and secondary (resulting from a protein
structure transformation). The latter can be specific (e.g. resulting from the
spatial proximity of a tryptophan residue to specific protein side chains within its
native structure) or nonspecific (e.g. resulting from a screening from a dissolved
quencher). Hence, fluorescence intensity is sensitive to both global and local
changes in protein conformation. Therefore, when modifying the configuration
of a fluorescence experiment, one can emphasize either of the two scales of the
changes (47,48). If some extrinsic quencher, such as acrylamide, is added to
the solvent used for the folding experiment, the collapse of a protein molecule
provides screening of the intrinsic fluorophore from extrinsic quencher, and the
fluorescence intensity increases with the folding. Sometimes, the quenching
group (e.g. heme) is intrinsic to the protein structure, which can place the group
closer to a Trp during folding, thereby quenching its fluorescence. In both
cases, the change of fluorescence intensity is presumed to report the global event
(collapse). In another approach, the specific quenching group that contacts a
particular Trp in the native protein can be replaced with a nonquenching one by
site mutation techniques. Then, studying the folding pathway by a comparison
of fluorescence of mutant proteins and the wild-type protein can provide precise
local structural information.

INFRARED ABSORPTION Vibrational spectra are directly related to structural
features of molecules in general: the strengths of bonds, the masses bonded
together, the spatial distribution of the masses, dipole moments, polarizability,
and so on. A chief advantage of vibrational spectroscopy is that the motions
that make up the observed spectral features are generally localized on a specific
molecular moiety (local mode approximation). In addition, the frequencies
of molecular vibrations are determined by the electronic nature of bonds and
are sensitive to molecular structure and enviromental factors that influence
this structure: hydrogen bond formation, hydrophobicity, bond angle and bond
length deformation, bond formation, and other factors. Numerical accuracy
relating vibrational frequencies to key bond properties can be very high. For
example, empirical correlations between bond vibrational frequencies have
been used in some cases to determine bond lengths to within £0.005 A, bond
orders to within £0.04 valence units, and hydrogen bonding enthalpies to
within 0.5 kcal/mol (49, 50).

Infrared absorption spectroscopy of the amide-I mode of peptides and pro-
teins, largely the stretching motion of the backbone peptide C=0 group with
some contribution from the C-N stretch, is a structurally useful probe. This polar
mode, which lies at 1610—1680 cm™!, is an established indicator of secondary
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structure changes because of its sensitivity to hydrogen bonding, dipole-dipole
interactions, and geometry of the peptide backbone (51,52). For IR absorption
studies of proteins in solution, D,O is often used instead of H,O to shift the
strong water band, which normally overlaps with the amide-I band, down to
1200 cm™!. Deuteration of the amide group shifts the amide-I vibrations by a
small amount and changes slightly the nature of the mode. Therefore, a distinc-
tion is made between protonated and deuterated amide-I modes. The standard
nomenclature is amide-1’, where the prime indicates the deuterated amide group.
Previous correlations between band position and secondary structure (53,54)
have shown that bands centered at approximately 1638 and 1654 cm™' corre-
spond to 3jo- and a-helices, respectively; 1629 and 1675 cm~! bands to the
low- and high-frequency components of §-sheet structure; 1668, 1675, and
1686 cm™! peaks to turns; and a component at 1645 cm~! to the disordered
parts of polypeptide backbones. Recently it has been demonstrated that inten-
sity near 1625-1635 cm™! can result from a-helical structure exposed to solvent
[the so-called solvated helix (55-58 and references therein)]. Hence, different
portions of the amide-I' band report on different parts of the structure of a folded
peptide or protein. In principle, great structural specificity can be obtained from
isotope editing of the vibrational spectrum. For example, the amide-I' bands
shift about 40 cm™! for '3C-labeled C=0. Site-specific '*C labeling of the
polypeptide backbone should yield very detailed pictures of the dynamics of
peptides and of proteins as protein-labeling methods are developed.

Surprisingly, the marker band position for an unfolded protein is not yet clear.
The position of the amide I component as a result of irregular structure within the
native protein (51) as well as the spectral maximum of denatured proteins (59) is
generally found to be around 1645-1649 cm™!. Spectra of the long disordered
polypeptides exhibit two components: a strong one at 1646-1650 cm™! and a
weak one at 1669-1675 cm™! (60). However, small peptides that are known to
have a random structure and studies that have followed the melting of proteins
suggest that the unfolded protein may be characterized by a broad marker band
centered near 1665 cm~! (57,59,61). This may be because it is very difficult to
unfold a protein completely, even under extremes of denaturing conditions. In
addition, we note that the vibrational frequencies of irregular structures inside
proteins are almost certainly different from solvent-exposed nonrigid structures
of unfolded proteins.

As an example of an application, the thermal denaturation curves of na-
tive apomyoglobin are presented in Figure 1 (61,62). Cooperative melting
is seen on both the temperature dependencies monitored by fluorescence in-
tensity at 335 nm, I5;s, (T,,, = 56 & 3°C) and by IR absorbance at 1650 cm™!
(T, = 59 £3°C). The beginning of cold denaturation is also visible on the I535
dependence below 10°C. Neither of these two transitions appears on the A,
denaturation curve because the Trp residues in the AGH core are not becoming
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Figure 1 Thermal denaturation curves of native apomyoglobin, monitored by maximum position
(Amax) of its intrinsic fluorescence (<>), fluorescence intensity at 335 nm (I535) (A), and IR absorption
at 1650 (O, native helix), 1629 (4, solvated helix), and 1676 (O, disordered coil) cm~! (61,62).
The X,y of L-tryptophan in D,O (x) is shown for comparison.
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significantly exposed to solvent as temperature is increased for these conditions.
Contrary to the IR absorbance at 1650 cm~!, where the main change is due to the
melting of nativelike helices (see below), the temperature dependence of the IR
absorbance at 1629 cm~! is determined mainly by solvated helices and shows
only linear, monotonic change. The appearance of random structure monitored
at 1675 cm™! has inputs from both linear and cooperative melting because both
types of helices melt into disordered structure.

RESONANCE RAMAN Raman spectroscopy, as a vibrational technique, enjoys
advantages similar to infrared in terms of structural specificity. Time-resolved
Raman measurements have been made on subpicosecond and longer timescales
(63 and references therein). From the first such studies, Raman investigations
of protein dynamics have generally utilized resonance Raman scattering (64),
wherein the intensity of Raman scattering is enhanced by resonance with an
electronic chromophore, because normal Raman scattering is insufficiently in-
tense. The chromophore can be a prosthetic group or intrinsic to the polypeptide
(the amide groups or the aromatic side chains). Resonance enhancement of the
polypeptide chromophores reports directly on the protein structure.

CIRCULAR DICHROISM  Circular dichroism (CD) has been one of the major
techniques used to study static structures, or slow kinetics, in protein folding
(65 and references therein). Kliger and coworkers (66) have devised elegant
time-resolved techniques that allow application of CD to nanosecond and longer
timescale phenomena, and Xie & Simon (67) have observed time-resolved CD
on picosecond timescales.

Initiation of the Folding Reaction

Several methods have recently been developed to initiate folding reactivity
faster than the 1-10 ms dead time of conventional stopped flow. These include
laser-induced temperature jump (34,36), laser photolysis (68), laser-initiated
electron transfer (69), and submillisecond rapid mixing techniques (38). Earlier
studies have used ultrasound and Joule-heating temperature jump as reaction
initiation schemes for folding (70).

LASER-INDUCED TEMPERATURE-JUMP Proteins generally have a temperature
range over which the functional structure is stable. Temperatures either above
or below this range will unfold the structure. Thus by judicious choice of tem-
perature and solution conditions, one can cause the equilibrium between folded
and unfolded forms to be poised at any point, and an increase in temperature can
displace the equilibrium in the direction of folding or unfolding. This approach
is applicable to virtually all proteins and peptides, and it does not necessarily
require the introduction of extraneous reagents into the folding system.
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The use of fast temperature-jump methods (T-jump) to displace chemical
equilibria and measure relaxation rates was pioneered by Eigen & De Maeyer
(70), whereby rapid capacitance discharge induced Joule heating in conducting
solutions. This approach has generally been limited to the microsecond and
longer timescale. More recent work has focused on rapid absorbance of large
amounts of laser energy by the sample solution, generally using near-infrared
solvent absorbances as first developed for studying kinetics of inorganic re-
actions by Sutin & coworkers (71). Vibrational relaxation takes place on the
picosecond timescale both in water and in proteins, and experimental condi-
tions can be devised wherein the distances between the molecules that absorb
the energy responsible for the T-jump are small. Therefore, complete thermal-
ization of solvent and solute can occur in 10-20 ps (72—74). The underlying
equations governing this relaxation process have been developed (36).

In recent studies, the pump laser wavelength has been tuned either to the
absorption band of dye molecules (36) in solution with the protein sample or to
weak overtone bands of water or D,0 (34,35,40,75,76). In the former case,
the separation between the dye molecules is relatively large and the thermal
equilibration time has been estimated to be around 70 ps; thermal relaxation
is much faster in the latter case because water molecules much closer together
are excited. After excitation and thermalization, the heat contained in the laser
interaction volume gradually escapes to nearby cold surfaces by thermal dif-
fusion; this determines the long-timescale limit of the laser-induced T-jump.
Depending on the volume of the heated solution, decay times for the T-jump
ranging from a few to tens of milliseconds have been reported (both faster and
longer times are possible).

One well-known problem with fast T-jumps has to do with the thermal ex-
pansion of water. The sudden change in temperature induces a shock wave that
propagates through the medium with a characteristic time of 1-10 us. Although
this effect tends to be small near 4°C (H,0) and 12°C (D,0), where the thermal
coefficient of expansion is close to zero, it is not negligible even for symmetric
temperature jumps about these temperatures.

As an example of the laser-induced T-jump setups, Figure 2 shows the ap-
paratus we used (35). Other variants that have been developed successfully
include producing near-IR light of sufficient power to pump weak water bands
by Raman shifting the fundamental Nd: YAG laser emission (77-79). Our appa-
ratus probes structure using IR absorbance in the amide-I spectral region. The
change of IR absorbance of an alpha-helical 21-peptide sample after a T-jump
in a typical experiment is presented in Figure 3.

It is important to note that the jump from one temperature to another changes
the equilibrium position of the ensemble of possible states faster than do the
chemical processes that maintain the equilibrium. This is the fundamental
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Figure 2 The scheme of our temperature-jump apparatus with the transient IR spectrometer (35).
A Nd:YAG and dye lasers with frequency differencing module produce the pump radiation at 2 yum,
which is the source for the temperature jump. The induced transient changes in the transmission
of the probe IR beam through the sample are detected by a HgCdTe detector, digitized, and signal
averaged. The combined total instrument response time is currently limited by the 21-ns fall time of
detector/preamplifier system. A split IR cell is employed, one compartment containing the sample
solution and the other containing reference. The cell is translated so that each compartment is probed
under identical conditions. The size of the temperature jump is determined by the temperature
dependence of the D,O absorbance band.

feature of relaxation methods (70). Subsequent to the T-jump, the system re-
laxes to the new equilibrium point. In general, the kinetics that are observed
involve both forward and back reactions. For simple two-state kinetics, the ob-
served relaxation rate is the sum of the forward and back reaction rates, and
each can be determined separately if the equilibrium constant is known (80).

FAST MIXING The major advantages of fast mixing, an important approach,
are that it is completely general, that the folding occurs under near-native con-
ditions, and that extreme concentrations of denaturant can be used to fully
unfold the protein. Disadvantages are that physical limitations of mixing place
a lower limit on the time resolution of the technique (1-10 ws), that the large
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Figure 3 Change in optical density (AOD) at 1632 cm™! of D,0 (reference, dotted line) and the
2 mM Fg-peptide solution in D,0, pH* 4.1 (sample, dashed line), right vertical axis, and change in
optical density (AOD) of sample minus reference at different wavenumbers, left vertical axis, as a
function of time in response to a temperature jump from 9.3 to 27.4°C. The solid curves represent
fits of the data to two-phase exponential kinetics. The first phase is instrument limited (faster than
10 ns), and the time constant of the second phase is 160 & 60 ns. Reprinted with permission from
(35). Copyright © 1996 American Chemical Society.

shear forces present in the mixing volume may affect the folding process of the
protein, and that the turbulent nature of the flow can affect the optical quality
needed for some probes.

Conventional stopped-flow mixers have a dead time of about 1 ms. The dead
time of mixing techniques can be improved at least two orders of magnitude with
a continuous-flow approach (81). Recently, Rousseau & colleagues adapted an
early mixer design to a fast-mixing, continuous-flow technique for folding
(38,48). The sample is probed downstream of mixing. Because the volume
of this continuous-flow system is kept small to minimize the sample solution
volume required and to improve time resolution, laser-based probes that can be
tightly focused are used: for example, optical absorption, resonance Raman,
and fluorescence. The best-demonstrated dead time to date is ca. 100 us, an
improvement of 1-2 orders of magnitude over routine commercial stopped-flow
instruments.

PHOTOCHEMICAL TRIGGERING In a limited number of systems, folding or un-
folding can be initiated by the absorption of light. The timescale accessible

aov
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to this approach is generally limited by the chemistry that light absorption in-
duces, because the timescale of the absorption event itself is limited only by the
duration of the laser pulse. The first successful method of triggering a folding
reaction, that of cytochrome c, relied on the fact that carbon monoxide binds
preferentially to the heme of the denatured state (68). Therefore, appropriate
concentrations of guanidine hydrochloride were found that poised the CO form
of the protein in a partially unfolded state but allowed refolding to proceed once
CO was photodissociated from the heme. The photolysis event of heme-CO is a
very fast process (<1 ps); hence, rapid folding could be initiated by absorption
of visible light by the heme group, limited in timescale only by the duration of
the laser pulse. Aside from the fact that it is applicable to very few systems,
this method has two primary disadvantages: (a) The range of concentrations
of denaturant required to poise the folding equilibrium at the required point for
photolytic initiation to be effective is relatively narrow, and (b) the recombina-
tion of CO with the heme poses an intractable interference to observation of
the slower (ca. 1 ms and longer) folding processes.

A second method of optical triggering, also employed on cytochrome c, in-
volves photochemical oxidation or reduction of the heme group (69). The folded
structure of cytochrome c is considerably less stable when the heme is oxidized
compared to the reduced form of the protein. Therefore, triggering the folding
reaction can be induced by the transfer of an electron to the heme iron of oxi-
dized cytochrome ¢, which is poised in the unfolded state by suitable denaturing
conditions. Photoreduction can be brought about by optically exciting a suit-
able compound present in solution, such as #ris-(2,2'-bipyridine)ruthenium(II),
which serves as an electron donor in the excited state and reduces cytochrome
c at rates up to diffusion control. Like the photolysis of heme-bound CO, the
folding times are determined under denaturing conditions, although a much
wider range of concentrations of denaturant is possible. This approach is po-
tentially applicable to a very wide range of timescales. Timescales shorter than
diffusion control can be attained by covalently bonding the photoredox agent to
an external protein residue, and arbitrarily long times can be accessed by reduc-
tive quenching of the oxidized photoproduct to prevent thermal back-electron
transfer. This approach is applicable in principle to redox proteins wherein the
oxidized and reduced forms have different stabilities with respect to folding;
thus the approach enjoys wide but not general applicability.

A novel photochemical trigger has been used by DeGrado, Hochstrasser &
coworkers (82, 83) to study formation of «-helix within a short model peptide.
The peptide is constrained to a disordered conformation via a disulfide linkage
that covalently bonds its ends together. Photodissociation of the link by a laser
pulse eliminates the structural constraint on the peptide and initiates «-helix
formation.
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EMERGING TECHNIQUES  In addition to T-jump, mixing of solutions and chang-
ing pH can be used in almost all systems to initiate folding or unfolding. As
noted above, the shortest mixing dead times achieved in folding experiments so
far have been ca. 100 us. However, dead times nearly two orders of magnitude
shorter have been achieved by the pulsed accelerated flow technique (PAF), the
fastest mixing technique developed to date (84,85).

The photoexcitation of acidic or basic dyes often leads to very large changes
in the pKa in the excited state of the dye; transient pH changes of 1-3 pH units
in ca. 100 ps, for the purpose of initiating fast protonation-sensitive reactivity
of species in solution other than the dyes, has been demonstrated (86-88).
In the same vein, the stabilities of some proteins are affected by metal ion
concentration. For many metal ions, caged metal systems have been identified
whereby fast photolytic release of metal ions is possible (e.g. 89).

Ultraviolet excitation in resonance Raman spectroscopy allows resonance
enhancement of protein vibrations, including those of amino acid side chains
and the amide vibrations of the polypeptide backbone (90,91). It has the struc-
tural specificity of vibrational spectroscopy but, unlike infrared, is not subject to
interferences from water. In addition, the resonance effect allows one to choose,
through selection of the excitation frequency, which specific ultraviolet chro-
mophore (e.g. tyrosine, tryptophan, or amide) will be observed.

SYSTEMS
Peptide Models

Proteins are composed of runs of secondary structure. Clearly, our understand-
ing of the overall folding process in proteins will be aided by study of the
dynamics of secondary structure formation in peptide fragments or model pep-
tides. Very little is known about this problem, either experimentally or theoret-
ically, despite the relative structural simplicity of helices and sheet structures.
There was a period of substantial experimental and theoretical work in the mid-
1960s to early 1970s concerning the thermodynamics and dynamics of helix
formation, primarily in homopolymers. The kinetic studies employed dielec-
tric loss (92), ultrasonic absorption (93-96), resistive temperature jump (97—
99), and electric-field jump (100-102). These studies have been reviewed by
Gruenewald et al (94). The fastest relaxation times observed ranged from 50 ns
to microseconds, depending on the system that was studied and the method.
However, these experiments were difficult to interpret because the probes that
were used (which included fluorescence and ultrasound or UV light absorp-
tion) lacked structural specificity and because the helix formation rates were
inferred indirectly from the data in most cases. In addition, the systems that
were studied involved long homopolypeptides (e.g. poly-L-glutamic acid) in
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solution. These are probably not good models for the short runs of secondary
structure usually found in proteins.

Recently, this problem was revisited on a few short peptides through the use of
laser-induced T-jump techniques. The S-peptide of ribonuclease A, obtained
by cleaving off the first 21 amino acid residues, forms a helical structure in
solution (about 30% helix and 70% unfolded at temperatures near 5°C) (103).
Through the use of the amide-I’ band to monitor helix formation, a relaxation
time of faster than 300 ns has been observed for the S-peptide (104).

A study has been reported of the C-terminal B-hairpin of protein G Bl
(residues 41-56) (105). By monitoring tryptophan fluorescence and Forster
energy transfer in a dansylated derivative, relaxation rates of 4 us at 15°C and
0.9 us at 55°C were observed. Thus the folding relaxation times are factors of
10-100 slower for this g-structure than any that have been reported on helical
model systems.

The peptide system that has been studied the most thoroughly is the synthetic
Fg peptide, a small 21-residue peptide that has the sequence X-(A)s-(AAARA);-
A-NH,. Alanine has strong helix propensity, and about 70-90% of this peptide
is found in a helical conformation in solution at room temperature (106, 107). In
one study, wherein the N-terminal residue was succinyl (X = Suc), the amide-
I’ bands were used as an indication of helix content (35). In a second study,
X was a reporter fluorophore (X = 4-(methylamino)benzoic acid, MABA),
and the fluorescence quenching of MABA was probed (79). Hence, these two
studies are somewhat complementary in that the IR probes the average amount
of helix found along the chain (all amide I’ backbone C=O0 stretches are probed
equally) while the MABA fluorophore is sensitive to changes at the end of
the peptide (this assumes, of course, that the changes in the chemical nature
of the X group do not affect, in a serious way, helix stability or kinetics). In
the IR study, the relaxation kinetics were well described by a biexponential
model with components of ca. ~10 ns (small amplitude, possibly resulting
from fraying of the helix ends) and 160 ns (dominant amplitude, resulting from
helix melting) for a T-jump from 9.3 to 27.4°C (Figure 4) (35). No changes in
helicity were observed by the amide I criterion between 50 ps and 10 ns. The
relaxation time is weakly temperature dependent (107a). In the fluorescence
study, a single relaxation time was found near 20 ns, about eight times faster at
the same temperature than that found in the IR study, which was also weakly
temperature dependent (Figure 4).

Thompson et al (79) published a statistical model to account for the exper-
imental kinetics based on a picture of helix formation (103) that assumes that
the activation barrier for the helix formation is largely entropic. Two elemen-
tary processes, nucleation and propagation, are supposed; a distinction is made
between the probability of forming the first loop of helix (nucleation) and the
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Figure 4 Temperature dependence of the relaxation rates of the Fs-peptide measured by fluo-
rescence intensity of the 4-(methylamino)benzoic acid (MABA)-labeled peptide (®) (79) and IR
absorption (M) (35). The curves are the fast (dashed line) and slow (dot-dashed line) calculated
relaxation rates for the decay of N-terminal content and the calculated relaxation rate for the
average helix content (continuous line) (79). Our data for the fast relaxation phase of the apomyo-
globin forms are included: N-form, (A); I-form, (V¥); E-form, (M) (61,104, 107b). Adapted from
Reference 79. The drawing is kindly provided by J Hofrichter, National Institutes of Health.

formation of subsequent loops (propagation). Nucleation is viewed as less prob-
able than helix propagation. Thompson et al additionally assumed that each
peptide contains either no helical residues or only a single continuous region of
helix. This reduced the number of possible conformations enormously because
two or more segments of helix separated by nonhelical regions are excluded.
Calculation from this model of the relaxation kinetics induced by a tempera-
ture jump yielded two distinct processes with characteristic rates: (a) a faster
process involving rapid folding/unfolding equilibrium of the helix ends and
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(b) a slower process involving an equilibrium that must cross the nucleation
free energy barrier between helix-containing and non-helix-containing struc-
tures. The relaxation of the equilibrium determining the fraction of N-terminal
residues that are helical was predicted to contain approximately equal contri-
butions from both processes, while that determining the average helix content
was found to be dominated by the slower process. The model thus successfully
predicts the differences in rates between the IR and fluorescence time constants
and, also, if the barrier to helix formation is taken as purely entropic, the weak
temperature dependence of the relaxation rates (Figure 4). The model, how-
ever, does not account for the essentially single exponential character that was
found in the fluorescence study.

Hochstrasser & coworkers (83) recently used amide I infrared absorbance
to study the conformational dynamics of peptides having the sequence Ac-
X-(AAAAL);-X-CONH,, where Ac is acetyl and X is a synthetic amino acid
having an aryl thiol sidechain (82). Consistent with the results on the Fg-peptide,
no significant formation of a-helix occurs on times as long as 2 ns, the longest
times accessed in this experiment.

Proteins

APOMYOGLOBIN The folding of apomyoglobin (apoMb, myoglobin without
its heme group) has received intense scrutiny, in part because the protein is
relatively simple. It serves as an archetype for folding of proteins that are small,
single-domain, and globular. The holoprotein contains 153 residues organized
into eight strands of mostly a-helical segments, labeled A—H (108). Near neutral
pH, apoMb adopts a structure that is nativelike according to the available NMR,
CD, and calorimetric evidence (109-112). Thus native apoMb has a compact
hydrophobic core consisting of the very stable A, G, and H helices, significant
tertiary structure involving the B and E helices, and roughly the same secondary
structure content and tertiary fold as the holoprotein. The major differences
between the apo- and holoprotein appear to occur in the C, D, and F helices,
which are considerably more disordered in the apoprotein.

Under varying conditions of low pH and specific salt concentrations, apoMb
forms various destabilized structures that are variably extended, depending
on conditions. Three different folded structures can be defined (62, 109). The
structure of ApoMb-N (Native form), formed near neutral pH, is believed to
resemble closely the holoprotein. It is the most stable and the most compact
of the three structures. ApoMb-I (Intermediate form), formed at lower pH and
specific salt conditions, has a looser structure. NMR techniques coupled with
hydrogen-deuterium exchange measurements, small-angle scattering, and more
recent mutant and FT-IR studies show that the I form contains a tight core con-
sisting of the intersection of the AGH helices and loose solvated helical regions
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(104,113). A species formed at still lower pH and low salt, the E form (ex-
tended form), contains essentially only the AGH core and is otherwise very
extended (62). Thus, another attractive feature of apoMb in folding studies is
the ability to access different equilibrium forms of the protein having inter-
mediate stability between the native and unfolded states. Furthermore, recent
evidence suggests that these equilibrium intermediate states are structurally
close to kinetic intermediates on the folding pathway (native, molten globule,
and unfolded) (109). A striking structural similarity between the I form and an
early folding intermediate has been demonstrated (114, 115).

Experimental studies by two groups have addressed the fast folding dy-
namics of apoMb. Both groups used laser-induced T-jump to displace the
folded/unfolded equilibrium. However, one used fluorescence and the other
used IR absorbance as probes, the details of the T-jump regime employed were
different, and solution conditions differed so that different apoMb structures
were being observed. It is important to realize that both of these studies in-
volved displacement of the folded/unfolded equilibrium by T-jump and thus
unavoidably were relaxation kinetics studies. Accordingly, the observed relax-
ation dynamics contain contributions from both the folding and unfolding rates,
regardless of whether the process observed in the relaxation involves the forma-
tion of a more folded or less folded ensemble. The extraction of rate constants
or lifetimes specifically describing folding or unfolding depends on knowledge
of the equilibria involved and adoption of a kinetics model within which the
relaxation data can be treated.

In our laboratories, we have used IR absorbance to study the dynamics of
the transition from more folded to less folded ensembles in successively more
denatured (N, I, and E) apoMb states. The folding pathway can thus be “peeled
away,” and processes on both fast and slower timescales determined. Of course,
the chemical conditions that give rise to the I and E forms are not those under
which the N state is formed, but, as noted above, at least the I form has been
identified with an intermediate on the folding pathway under conditions where
the N form is stable.

From a technical point of view, apoMb has been a fortuitous choice for the
study of protein folding. The horse heart protein that has been studied contains
just two Trp residues, and these are located in the interior of the protein, on
the A helix at the points where the A helix intersects the G-H hairpin to form
the AGH core (108). Thus in studies that have monitored Trp fluorescence, the
structure of the monitor is strategically located, and the state of folding of the
AGH core can be specifically monitored. Also, because the protein consists
essentially only of helix or disordered structures, the amide-I' band of apoMb
consists largely of marker bands that involve only buried native helix, solvated
helix, or unfolded conformations (61). Hence, the amide-I' IR absorption band
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contains a rich amount of information that is readily interpreted. Finally, the
IR results of static and kinetic properties, which can arise from any part of the
protein (in the absence of isotope labeling), can be compared to Trp fluorescence
studies that report only on events that affect the AGH core. In this way many of
the IR results can be associated with specific substructures of the protein, and
the complementary IR and fluorescence spectroscopies lead to a very detailed
picture (104). Figure 5 shows representative kinetic relaxation data of the native
form of apomyoglobin using IR absorbance as a probe.

With the assumption that the structures of the I and E forms mimic structures
along the folding pathway (as indicated above), Figure 6 shows the folding path-
way in schematic form. We have found that apoMb consists of substructures
or subdomains that have various thermodynamic stabilities and kinetic labili-
ties (61, 104). The different substructures can be recognized by the secondary
structure elements that have different IR spectra: nativelike helix; solvated he-
lix wherein the secondary structure is intact but not as rigid, with the amide
carbonyls exposed to the surrounding solvent; and unfolded structure (as indi-
cated by the marker amide-I' IR bands). The native helices constitute a tightly
packed substructure that shows cooperative melting transitions, while the sol-
vated helical substructures show nearly linear melting curves. In response to a
temperature jump, the helix folding/unfolding relaxation of the solvated heli-
cal substructure exhibits relaxation times typical of isolated helices such as the
model peptide described above (ca. 30—150 ns; see the comparison of relaxation
times of the solvated helical moiety of different apoMb forms with those of the
model peptide, Figure 4). This is the case even though these helices may be in
contact with each other, held together by loose hydrophobic forces. Thus, the
a-helical secondary structures can be formed early on the folding pathway of
apoMb, on the tens of nanoseconds timescale (61).

The hydrophobic core of apoMb, comprising the A helix and the G-H hair-
pin, is mostly «-helical and is the most stable part of the protein (116,117).
Moreover, the native tertiary fold involving the intersection of the A, G, and H
helices forms rapidly, but subsequent to the formation of the helices themselves.
No relaxations involving the AGH core have been observed in our experiments
on the I or N states, but the formation time of the AGH tertiary structure has
been seen to be ca. 90 us in the E state at 35°C (both infrared and fluorescence
measurements are required to measure the timescale of this relaxation and to
show that the AGH core is the structure involved; 107b).

The AGH intersection at the time of its initial formation may involve only
about 20 residues, but it is nevertheless a stable structure with a large negative
enthalpy of formation, as shown by its cooperative melting (62). The fast for-
mation of a nativelike structure that acts as an energy trap has several advantages
in the folding of the protein. The speed may ensure that other non-native but
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Figure 6 A cartoon of the folding of apomyoglobin starting from an unfolded (U) state. There are
good experimental reasons to assume that the I and E states of apoMb mimic structures found along
the folding pathway (see text), and this forms the basis of the schematic of the folding pathway.
The folding time of 90 ys for the U to E transition is that measured at 35°C from T-jump relaxation
measurements of the E state (see text), which involves the formation of a tightly packed AGH
core. In addition, nanosecond relaxation signals are also observed (see Figure 4), which arise from
the melting of the solvated helical portion of the E state. The folding times under native chemical
conditions may differ. The folding time of 25 ms for the I to N transition, which involves formation
of nativelike contacts of the B and E helices (and possibly others), has been extrapolated to 35°C
from the measured rates at 60 and 5°C (see text) using an Arrhenius (log) scale. Like the E state,
T-jump relaxation measurements of the N and I forms of the protein also show melting of their
solvated helical portions on the nanosecond timescale (Figure 4). The folding kinetics from the E
to I state have not yet been determined, but they are likely to be fast.
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metastable folds do not form. In the specific case of apoMb, tying the two ends
together reduces enormously the amount of conformational space that needs to
be searched in further folding. The two ends of the protein (at least part of the A
and G-H structures) must be preformed into helices before the correct tertiary
contacts can form; this presents no problem in timing because the helices form
on a timescale two to three orders of magnitude faster than the tertiary contacts
(35,61,79).

Following the formation of the AGH core, the next step in the process is the
rapid growth of the existing solvated helical portions of the B-F loop, which has
the effect of compacting the protein further. Also, the tertiary contacts in the
A helix and the G-H hairpin are likely to grow out from the AGH intersection
in relatively short times following the formation of the intersection. These
processes form a structure similar to the I form. These two events, formation
of the core and then its growth, could be termed nucleation followed by growth
(27). Finally, the B and E helices, and possibly parts of others, come together
to form a second native fold. The timing of this event is much slower than
for the association of the AGH core and is temperature sensitive, 280 us at
60°C (61) and ca. 1 s at 5°C (114), indicating a substantial formation energy
barrier.

Gruebele & coworkers have used Trp fluorescence to measure the relax-
ation kinetics from a cold-denatured state to higher temperatures, which under
the conditions used induces folding of the protein to the N state (40,47, 118).
In this case, the process being probed is a transition from a less folded to a
more folded ensemble. Studies are now under way to characterize the struc-
ture of the cold-denatured state (117), but the fluorescence data are consistent
with partial unfolding of the AGH core, particularly a change in the proxim-
ity of Trp14 and Met131, at —8°C. Upon raising the temperature from —8°C
to 10°C, substantial refolding occurs. The dynamics of this refolding process
were followed by fluorescence, and a single relaxation was observed with a
5 ps lifetime (47). This result was assigned to the closing of the loop between
the GH hairpin and the A helix. Subsequently, improved data allowed the ob-
servation of a second, faster relaxation at ca. 250 ns (40), which, in accord with
our earlier results (35,75,76), was assigned to the formation of «-helix.

The results on apoMb from our laboratories and those of Gruebele & cowork-
ers suggest two timescales for the formation of the AGH core, depending on
conditions: 90 usec in the E state at 35°C and 5 usec in the N state at 10°C.
Considering that the E-state results concern an AGH structure much less stable
(denaturing conditions) than that of the N state at 10°C (native conditions), a
formation rate more than a factor of 10 faster for the AGH core in the latter case,
despite the lower temperature, may constitute satisfactory agreement. These
times are fast. They are close to or shorter than that predicted by a simple
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polymer-diffusion model (41, 119), considering only the time it would take for
the two ends of the molecule to come together by diffusion given the size of
the loop intervening between the A and G helices (more than 100 amino acid
residues). This is particularly so given that a number of tertiary contacts are also
established in forming the nativelike AGH core. However, the short timescale
of this tertiary folding event may not be unreasonable if it is realized that the
protein has had ample time to form helical segments in the intervening B-F
structure as well as the GH peptide before the AGH core is formed and that
these helices can guide the formation of the AGH tertiary contacts in ways that
are directed and faster than diffusion of random structures.

CYTOCHROME C The results from the fast folding processes of this protein
have been reviewed recently, and the reader is referred to these reviews for more
detail than is given here (24,26). Three groups have studied the fast folding
reactions of cytochrome c, and each has adopted different approaches to reaction
initiation: rapid mixing, photodissociation of CO, and photoinitiated electron
transfer. Different spectroscopic probes have also been used: Trp fluorescence,
heme resonance Raman scattering, and heme electronic absorption.

Quenching by Forster energy transfer to the heme of the fluorescence of the
only tryptophan in cytochrome c has been taken as a measure of the compactness
of the protein (48). Rapid mixing experiments using Trp fluorescence quenching
as a probe have shown that there is a burst phase collapse of the unfolded protein
in less than 100 usec followed by slower processes (48).

One of the slower processes appears to be ligand exchange wherein the
heme first coordinates non-native histidine side chains and then exchanges
these for the native histidine ligand on the submillisecond timescale (38, 120)
in a process that shows nonexponential behavior. The initial formation of non-
native tertiary contacts that are necessary for the coordination of “incorrect”
histidine imidazoles to the heme must be unmade to form the native fold. The
use of imidazole in solution as an extrinsic heme ligand blocks the non-native
heme-histidine coordination and prevents the concomitant formation of the non-
native folds. Under these conditions, the slower kinetics become exponential
and the unresolved <100 us feature is followed by a single 600-us process.
The two processes have been interpreted as a partial collapse of the protein
to a more compact but still denatured state in an energy-barrierless process
(fast phase) followed by reorganization to the folded conformation over a small
energy barrier (about 4 kcal/mol or less). This sequence of events is shown
schematically in Figure 7.

Studies of the initiation of ferrocytochrome c folding by nanosecond-times-
cale photodissociation of CO have shown that the rate of heme binding to
Met80, located about 50 residues from the heme, occurs with a lifetime of 40 us
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Figure 7 Schematic diagram representing the folding of cytochrome c. The unfolded protein can
contain a mixture of histidine-histidine (HH), histidine-water (HW), and five-coordinate (5C) heme
ligation states, depending on pH conditions. When the protein is placed under folding conditions,
a redistribution of these states, termed the nascent phase, occurs within the 100-us dead time
of the rapid mixer. During this phase the protein collapses to a semicompact structure so that
a thermodynamically controlled ligand exchange phase can take place in the subsequent phase,
leading to the native histidine-methionine (HM) structure. The two helices at the C and N terminal
were assumed to be present at the early stage of folding based on prior reports. Although the water
ligand for 5C can be on either side of the heme plane, for simplicity, only one configuration is
illustrated. The drawing is kindly provided by D Rousseau, Albert Einstein College of Medicine.

(24,26, and references therein). Kinetics experiments in which the binding
of extrinsic methionine with a small polypeptide containing the heme group
was studied were performed and yielded nearly identical results. These results
were taken as evidence that the kinetics of methionine rebinding are controlled
by polymer diffusion and that the 40-us rebinding lifetime is as expected for
diffusion-limited first contact of the ends of a polypeptide 50 amino acid residues
in length (41,119). This time is related to that for formation of a 6-10 residue
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loop, a typical size for loops in proteins, and suggests that the smaller loop
could be formed in about 1 us (29). These results and the interpretation pose
the question of whether diffusion-controlled loop formation is the fastest time
for the formation of compact structures in proteins (viz. a “speed limit for
protein folding”; 29). An affirmative answer to this question asserts that passive
diffusion is the rate-limiting step in forming compact protein structures and that
faster processes such as helix formation do not play an active role. This may
be correct for the special case of this specific folding process (methionine
rebinding to the heme in cytochrome c), wherein the loop between Cysl7,
which is covalently bound to the heme, and Met80 contains very little helix.
However, the experimental results on the formation of the AGH core in apoMb
cited in the previous section and the arguments presented therein suggest that
this particular speed limit is not, in general, strictly enforced.

The folding of ferrocytochrome c has also been observed following reac-
tion initiation by photochemically generated reductants (69). The folding reac-
tion initiated by the ruthenium chemistry allowed an observation window from
<1 us to ca. 1 ms, while that based on cobalt chemistry allowed times >1 ms
to be observed. On the faster timescale, the authors observed a change in heme
absorbance with a lifetime of 40 us, which, as in the CO-photodissociation
study described above, was ascribed to a change in heme ligation. In this study
the authors suggested that hydrophobic collapse accompanied the 40-us lig-
ation event. On the longer timescales, a single-exponential folding reaction
was observed that was assigned to the final folding reaction of the protein.
The rate constant for this reaction was dependent on denaturant concentration
and was extrapolated to zero denaturant concentration, where the rate was esti-
mated to be 2000 s~!. The free energies for folding in the two oxidation states
of the protein, the redox free energies in the folded and unfolded states, and
the dependence of the folding rate on conditions allowed inferred comparisons
of the ferrocytochrome c folding kinetics to those determined by others for
ferricytochrome c.

The conclusions of Pascher et al that the 40-us rate represents hydrophobic
collapse has been challenged by Eaton & coworkers (121), who assert that such
collapse should be accompanied by almost total quenching of Trp fluorescence.
In their studies (initiated by photodissociation of CO from the reduced, unfolded
protein), no such quenching occurs at 40 s, nor on any other timescale between
10nsand 10 ms. This argument involves the implicit assumption that the folding
process is similar for initiation by photodissociation of ferroheme-CO as it is
for initiation by photoreduction of ferriheme. Winkler & Gray have responded
(122) by pointing out that there is reasonable evidence that the structures of the
unfolded structures of ferrous and ferric cytochrome c are indeed different and
that there are other significant differences between the two experiments.
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BARSTAR The fast folding kinetics from the cold-denatured state of barstar, a
relatively small 89-residue 10-kDa protein, have been investigated by Fersht &
colleagues through resistive (microsecond) T-jump techniques (123, 124). The
native structure of this protein has four a-helices and three strands of parallel
B-sheets (125). The cold-denatured state of this protein has been characterized
by NMR spectroscopy and contains nativelike structure, which is, however
kinetically labile, in two of the four helices (126, 127). The folding kinetics are
characterized by several discrete stages: a fast folding intermediate formed in a
few hundreds of microseconds where some nativelike contacts have formed; a
slower millisecond intermediate that is quite nativelike; and a very slow process
arising from a proline isomerization.

The nature of the transition state between the cold-denatured state and the
early folded state was probed with a procedure called ® analysis. In ® analysis,
the changes in free energy of folding between the wild-type protein and selected
mutants are compared to the changes in the folding kinetics induced by the
same mutations. This analysis yields the changes in the transition state free
energy and shows that the first helix, and the second to a lesser extent, have
become substantially consolidated in the transition state of the fast folding
intermediate. On the other hand, peptide fragments of the first two helices
show little propensity toward helical structures under conditions favoring helix
formation. It was thus suggested that the early folding stages involve a folding
nucleus that consists of a sequence of neighboring residues whose stability
as a (helical) unit is, however, maintained by long-range interactions within
the protein (the nucleation-condensation mechanism; 124). The formation of
the folding nucleus and its stabilization by long-range intraprotein interactions
occur simultaneously. The mechanism of this early stage appears to be very
similar to that proposed for the smaller chymotrypsin inhibitor 2 (27, 128). This
small protein contains only a single module of structure, and its kinetics are
simple two state. This is in contrast to studies on barnase (27), where substantial
helical structure is present at the very earliest stage and where the protein folds
in a more stepwise and multistate fashion.

RIBONUCLEASE A Hochstrasser & coworkers (36) have combined laser T-jump
on the picosecond timescale with ultrafast infrared probe to observe the events
in the first few nanoseconds after the temperature jump is applied to ribonucle-
ase A. The T-jump had arisetime of 70 ps, and temperature changes in the range
of 3-6°C were achieved. At pH 5.7 and 59°C, an amide I absorbance change
within the T-jump rise time was observed and tentatively ascribed to solvation
effects. Following this initial change, no amide I changes were observed be-
fore 1 ns had elapsed. Similar induction periods for response of polypeptide
structure to picosecond perturbations were described in the foregoing section
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on peptide dynamics, for two different classes of peptide (the Fg peptide and the
(AAAAL); systems) and two different reaction initiation schemes (vide supra);
this may turn out to be a common phenomenon. In ribonuclease A, infrared
changes attributed to melting of B-structure are observed between 1 and 5.5
ns. The transient IR difference signal resembles the static difference spectrum
observed upon unfolding of the protein but has only ca. 15% of the amplitude
of the (native unfolded) difference.

CYTOCHROME bss, Gray & coworkers (129) have used photoinduced electron
transfer to initiate rapid folding of a four-helix bundle heme protein, cytochrome
bse,. Unlike cytochrome c, the heme of cytochrome bsg, is not covalently bound
to the polypeptide other than via the axial heme ligands, Met7 and His102. As
observed by heme electronic absorption, the folding process obeyed single-
exponential kinetics with a rate constant of 800 s~! at 2.5 M guanidine hy-
drochloride. This is almost a factor of 100 faster than ferrocytochrome ¢ and is
comparable to the nonheme four-helix-bundle protein acyl-coenzyme A binding
protein.

PHYTOCHROME The photoinduced transformation of switch-off phytochrome
A (Pr) to the switch-on forms is triggered by red light (e.g. 660 nm) and is
accompanied by the folding of N-terminal residues 20-50 into an «-helical
structure. Time-resolved CD studies (130) revealed a decrease in «-helical
content of the protein with a lifetime of 310 us, suggesting that the rate of
helix unfolding must be limited by the dissociation of tertiary contacts because
the unfolding of unconstrained «-helix should be 100 to 1000 times faster (see
above).

SUMMARY

The development and use of new techniques to study the fast folding kinetics
of proteins is now just 4 or 5 years old. In that time, a number of impor-
tant discoveries have been made. For the first time, experiment is now ahead
of theory in describing primary folding processes. Still, it is clear that such
studies are just beginning, that the techniques need further development par-
ticularly in regard to specific structural sensitivity (certainly not an impossible
demand experimentally), that the systems that have been studied need more
work, and that a wider range of systems need to be studied for there to be
general rules formulated on how proteins fold. It has been found that helical
assemblies in proteins as well as model systems form on the 10- to 100-ns
timescale while B-sheet formation of a model required times of about 1 ms.
Formation of tertiary structure from a fully extended unfolded protein has been
demonstrated to occur within 50-100 us and perhaps 10 times faster. Most
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interesting, it has been found that a small portion and small number of residues
can form a cooperative folding unit, one whose enthalpy is high enough to show
a sigmoidal melting transition, in about 100 us (apomyoglobin). In apomyo-
globin, the protein folds in parts; that is, secondary structure precedes tertiary
structure formation, which proceeds to further secondary and tertiary structure
formation.
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